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Atomic force microscopy (AFM)Atomic forcemicroscopy (AFM) is employed to reveal themorphological changes of the supported phospholipid
bilayers hydrolyzed by a phospholipase A2 (PLA2) enzyme in a buffer solution at room temperature. Based on
the high catalytic selectivity of PLA2 toward L-enantiomer phospholipids, ﬁve kinds of supported bilayers made
of L- and D-dipalmitoylphosphatidylcholines (DPPC), including L-DPPC (upper leaﬂet adjacent to solution)/L-DPPC
(bottom leaﬂet) (or L/L in short), L/D, D/L, D/D, and racemic LD/LD, were prepared on a mica surface in gel-phase, to
explicate the kinetics and mechanism of the enzyme-induced hydrolysis reaction in detail. AFM observations for
the L/L bilayer show that the hydrolysis rate for L-DPPC is signiﬁcantly increased by PLA2 andmost of the hydrolysis
products desorb from substrate surface in 40 min. As D-enantiomers are included in the bilayer, the hydrolysis rate
is largely decreased in comparisonwith the L/L bilayer. The time used to hydrolyze the as-prepared bilayers by PLA2
increases in the sequence of L/L, L/D, LD/LD, and D/L (D/D is inert to the enzyme action). D-enantiomers in the enantio-
mer hybrid bilayers remain on the mica surface at the end of the hydrolysis reaction. It was conﬁrmed that the
hydrolysis reaction catalyzed by PLA2 preferentially occurs at the edges of pits or defects on the bilayer surface.
The bilayer structures are preserved during the hydrolysis process. Based on these observations, a novel kinetics
model is proposed to quantitatively account for the PLA2-catalyzed hydrolysis of the supported phospholipid bi-
layers. The model simulation demonstrates that PLA2 mainly binds with lipids at the perimeter of defects in the
upper leaﬂet and leads to a hydrolysis reaction, yielding species soluble to the solution phase. The lipidmolecules
underneath subsequently ﬂip up to the upper leaﬂet to maintain the hydrophilicity of the bilayer structure. Our
analysis shows that D-enantiomers in the hybrid bilayers considerably reduce the hydrolysis rate by its ineffec-
tive binding with PLA2.
© 2012 Elsevier B.V. All rights reserved.1. Introduction
Phospholipase A2 (PLA2), a calcium-dependent enzyme, can catalyze
the cleavage of carboxylic ester linkages on the sn–2 position of phos-
pholipids to yield fatty acids and lysophospholipids [1,2]. PLA2 was
the ﬁrst phospholipase, being recognized over a century ago and
known for its important roles in a number of functions of cell mem-
branes, such as cell metabolism, inﬂammation and signal transduction
[1,2]. The enzyme has attracted tremendous interests from pharmaceu-
tical and biotechnology industries [1–9].
Jain and his co-workers [7–9] investigated kinetics for the PLA2-
catalyzed hydrolysis reaction of phospholipid vesicles in buffer solution
by pH titration in detail. Based on a ﬁtting analysis for the experimental
observations with a standard Michaelis–Menten equation, they pro-
posed a hydrolysis mechanism and determined the rate constants for
each elementary step. However, several assumptions in the kinetics
analysis have not been conﬁrmed in their experiments due to al rights reserved.limitation of the techniques used. For example, they assumed in the ki-
netics analysis that only the lipids in upper leaﬂet of the vesicle bilayers
are hydrolyzed while all hydrolysis products stay in the same leaﬂet
[7–9]. However, this assumption is doubtable because it is contradictory
to the dynamic features of the lipid bilayer [10]. Since PLA2 functions
optimally at a phospholipid membrane surface, recently, this reaction
has been re-examined by a number of novel surface characterization
techniques, especially on the supported lipid bilayers and monolayers
[11–35].
Atomic force microscopy (AFM) [36,37] is one of the modern tech-
niques applied to explore the PLA2-catalyzed hydrolysis process of the
supported lipid bilayer by taking advantages of its high spatial resolu-
tion. AFM observations revealed that the lipid bilayer also show a
“lag-burst” kinetics for the enzyme catalyzed hydrolysis [27,28], similar
to those observed from lipid vesicles in solution [38,39]. Reported AFM
results showed that vacancy defects or irregular molecular packing in
the gel-phase of a phospholipid bilayer membranemay act as the active
site for the enzyme [29,30]. The hydrolysis rate of the supported bilayers
induced by a single enzyme molecule was estimated from a time-
dependent AFM imaging [29]. Leidy et al. [31] reported that the
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1,2-dimyristyl-sn-glycero-3-phosphocholine (DMPC) is much higher
than that of a single bilayer and proposed that the highly curved phos-
pholipid membrane surface is particularly susceptible to hydrolysis by
PLA2. Clausen-Schaumann et al. [32] demonstrated a PLA2-assisted lith-
ographic process on a dipalmitoylphosphatidylcholine (DPPC) bilayer
by AFM tip. Balashev et al. [33,34] proposed that lipids in the bottom
leaﬂet of a supported DPPC bilayer should desorb as soon as the adjoin-
ing upper leaﬂet is hydrolyzed by PLA2 from their contact-mode AFM
studies. Moraille et al. [35] revealed the stereo-selectivity of the PLA2
enzyme to L-phospholipids in the supported lipid bilayers made of dif-
ferent enantiomers on the solid substrate.
However, some details for the proposed hydrolysis mechanism are
still contradictory to each other in these previous AFM studies. For ex-
ample, no consistent conclusion was arrived at the roles of the lipids
in the bottom leaﬂet during the hydrolysis reaction: some reported
that lipids in the bottom leaﬂet will be equally hydrolyzed and others
argued that they just simply desorb from the substrate after lipids
atop are hydrolyzed. No solid experimental evidence is available to
support the above assumptions so far.
To explore the changes in the molecular structure of the lipid bilayer
during the enzyme-catalyzed hydrolysis reaction at a molecular level,
sum frequency generation (SFG) [40–42], a second-order nonlinear vibra-
tional spectroscopy, has been successfully applied [43]. By using lipid
hybrid bilayers designed with the combinations of L- and D-enantiomers,
we found that the hydrolysis occurs on the bilayer surfacewhile the lipids
in both leaﬂets participate in the hydrolysis and all products are likely
to desorb. Although SFG vibrational spectroscopy gives plenty of in-
formation for the molecular structure of the lipid bilayers, the lack of
spatial resolution of the SFG measurement leaves some fundamental
issues unanswered, including morphological changes, reaction sites, and
enzyme–lipid interaction during the hydrolysis process.
It is believed that integration of SFGwith AFM observation can yield
more insight into themechanisms and kinetics of the enzymatic hydro-
lysis. This work employed high resolution AFM to reveal morphological
changes of the supported lipid bilayers as a result of PLA2-catalyzed hy-
drolysis at room temperature. In order to exactly identify the hydrolysis
reaction in the two leaﬂets, enantiomer hybrid bilayers are designed
and fabricated in thework. Since PLA2 is only active to the L-enantiomer
phospholipid [1,2], the enzyme-inactive D-lipids were introduced in
upper or bottom leaﬂets, which enabled us to independently obtain
the dynamic structural changes in two leaﬂets during the enzyme-
induced hydrolysis reaction from the AFM observation. Two isomeric
phospholipids, 1,2-dipalmitoyl-sn-glycero-3-phosphocholine (L-DPPC)
and 2,3-dipalmitoyl-sn-glycero-1-phospho-choline (D-DPPC)were trans-
ferred onto amica surface by Langmuir–Blodgett (LB) technique, to con-
struct L-DPPC (upper leaﬂet adjacent to solution)/L-DPPC (bottom
leaﬂet) (or L/L in short), L/D, D/L, D/D, and racemic LD/LD bilayers. Among
all bilayers investigated, total hydrolysis time of the L/L bilayer is the
shortest with full desorption of the product, while the D/D bilayer is
hardly hydrolyzed by PLA2. Our results clearly conﬁrmed that PLA2 pref-
erentially hydrolyze L-DPPC at the edges of structural defects on the bi-
layer surface while the lipids underneath immediately ﬂip up to the
upper leaﬂet, much faster than the spontaneous ﬂip–ﬂop process. A ki-
neticsmodelwasproposed to quantitatively analyze the PLA2-catalyzed
hydrolysis process of the supported lipid bilayers. It was found that the
hydrolysis rate is signiﬁcantly affected by the enantiomeric structures of
lipids in the hybrid bilayer due to the competitive inhibition of D-DPPC
enantiomers.
2. Materials and methods
Bee venom PLA2 (Type III, 14 kDa, Cayman Chemicals) was dis-
solved into a Tris–buffer solution (pH 8.9, 10 mM trihydroxymethyl-
aminomethane, 100 mM NaCl) with 5 mM CaCl2 as a stock solution
(ca. 0.3 mM) [43]. L- and D-DPPC were purchased from Sigma‐Aldrich(St. Louis, MO) and dissolved into chloroform in a concentration of
1 mg/ml. Racemic DPPC (LD) solution was prepared by mixing equi-
molar L- and D-DPPC into chloroform. Other chemicals were special-
grade reagents fromWako Pure Chemical Industries, Ltd. (Tokyo, Japan)
and used without further puriﬁcation unless otherwise mentioned.
The lipidmonolayerwas obtained by spreading 1 mg/ml chloroform
solution of lipids on the pure water surface in an LB trough (FSD-500,
USI) at 22 °C. The upper and bottom leaﬂets of the DPPC bilayers were
deposited successively onto a freshly cleavedmica surface at a pressure
of 30 mN/m (corresponding to a gel-phase structure with an average
surface density of 0.50 nm2 per molecule) by two vertical-dipping pro-
cesses [43–45]. No difference was observed in the AFM images when
the upper leaﬂet was deposited by a horizontal-dipping (i.e., Langmuir–
Schaefer method) in the present study [46,47]. As PLA2 is highly
enantioselective and enantiospeciﬁc to L-phospholipids [7–9], hybrid
lipid bilayers consisting of different combinations of L- and D-DPPC
were prepared accordingly. In the present work, ﬁve kinds of lipid
bilayers including L/L, L/D, D/L, D/D, and racemic LD/LD, were prepared.
The supported bilayers were then settled to a home-made ﬂuid cell
for AFM observation in the Tris–buffer solution (pH 8.9) with 5 mM
CaCl2. The bilayer was always kept in contact with the solution. The en-
zyme was injected into the AFM cell using a micro-syringe to a ﬁnal
concentration of 3 μM. The injected enzyme is able to reach the bilayer
within seconds in the cell. It should be noted here that it usually takes
ca. 1 h to setup the lipid bilayer for the AFM observation before the
enzyme introduction. Thus, enantiomer conﬁgurations for the as-
prepared hybrid bilayers of L/D and D/L, are slightly changed due to the
spontaneous ﬂip–ﬂop process [10]. All AFM experiments were carried
out at room temperature (ca. 24 °C).
The AFM used was an Agilent 5500 (Agilent Technologies, USA)
working in a tapping mode. The SiN cantilever (Olympus, TR400PSA)
has a spring constant of 0.02 N/m, a resonance frequency of ~10 kHz,
and tip radius of 20 nm. Imaging was conducted with a force small
enough to refrain fromdestruction of the lipid bilayer. To avoid any pos-
sible artiﬁcial effects by the cantilever, AFM images were frequently
recorded before, during and after the hydrolysis reaction in a wider re-
gion, to check if there were any morphological differences between the
area with and without tip scanning. All in situ AFM observations on the
supported lipid bilayers were carried out under the optimized condi-
tions. Typically, it took 3 min to record one AFM image (256×256
pixels per image) with a scan rate of 1.5 Hz. The time mark associated
with each image was taken as the end of a scan. All AFM images were
analyzed by the Scanning Probe Image Processor SPIP™ 5.0.6 (Image
Metrology A/S, Denmark).
3. Results and discussions
3.1. L/L bilayer
Fig. 1a–f show snapshots (1×1 μm2) acquired consecutively in an
AFM imaging experiment performed on an L-/L-DPPC bilayer in a Tris–
buffer solution containing 5 mM CaCl2. Both leaﬂets of the bilayer are
enzyme-active.
An AFM image (Fig. 1a) was obtained prior to the injection of PLA2
into the cell to reveal the surface morphology of a pristine bilayer.
Two small pits are readily identiﬁed amid a homogeneous bilayer.
The average depth of pits is in the order of ~5 nm, which matches
the physical height of a DPPC bilayer [29]. These pits are stable against
prolonged AFM imaging in the absence of PLA2. The pits are always
present in DPPC bilayers at room temperature (typically less than
3–4% of the full bilayer), but not observed in DPPC monolayers. Other
groups observed similar pits in the DPPC bilayers prepared by either
the LB method [28–30,33,35] or vesicle fusion method [34,48,49] at
room temperature. One group has attributed these pits to the loss of
lipid molecules during the transfer process [50]. It should be noted
that these pits in the lipid bilayer appear only in gel-phase but disappear
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Fig. 1. Typical in situ AFM images of the supported L/L-DPPC bilayer acquired (a) before and (b)–(f) after the injection of PLA2 at 8, 15, 17, 20, and 29 min. The scanned area of AFM
images was 1 μm×1 μm. The average depth of pits is ~5 nm. (g) The height-distribution histogram of the L/L-DPPC bilayer after injection of PLA2 at (i) 0 min, (ii) 8 min, (iii) 15 min,
(iv) 17 min, (v) 20 min and (vi) 29 min. Other experimental conditions are given in Materials and methods.
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transition temperature (Tm) [47,48,51–54].
Action at the bilayer after the injection of PLA2 was followed by
real-time AFM imaging. Only a few AFM images are shown in
Fig. 1b–f to reveal the most pronounced changes in the bilayers. Mor-
phology of the bilayer changes little in the ﬁrst 8 min after the en-
zyme introduction (Fig. 1b). These pits become somewhat smaller
soon after the enzyme injection (in fact, it was found that the area
of these pits on a DPPC bilayer obviously decreases at elevated tem-
perature before the hydrolysis rate is apparently increased). At the
time mark of 15 min pits grow rapidly (Fig. 1c). This indicates that
some of the lipid molecules at the edge of pits disappear from the bi-
layer as a result of PLA2-catalyzed hydrolysis. The height-distribution
histogram analysis (Fig. 1g) reveals that the free area of the DPPC
bilayer dramatically increases from 0.6% (8 min, Fig. 1b) to 22%
(15 min, Fig. 1c), indicating the L/L bilayer is hydrolyzed rapidly
after a time-lag less than 15 min. The hydrolysis front continues to
take out DPPC at the edge of pits at t=17 min (Fig. 1d) and 20 min
(Fig. 1e). Some new pits also emerge and grow with time (Fig. 1c).
The entire bilayer almost disappears in 29 min (Fig. 1f).
Pits in the bilayer frequently exhibit anisotropic features in the
course of hydrolysis, which can be related to the enzyme-induced re-
action of lipids [29]. Also seen in the AFM images (Fig. 1c–f) are some
protruded aggregates (~1 nm height) at the bottom of the pits. Al-
though the chemical nature of these aggregates is unknown, they
could be lysophosphatidic acid and palmitic acid—products from the
hydrolysis of DPPC [29]. The amounts of these aggregates appear to
be much less than that of the hydrolyzed lipid, which implies that
most of the hydrolysis products are desorbed from the substrate
and may form micelles in the solution. This result is different from
that proposed for vesicles [7–9] where the hydrolysis products were
assumed to stay in the bilayers. The present observation partially
agrees with those observed on the supported lipid bilayers by IR
[21], AFM [27–34], Raman [55], and SFG studies [43] although there
still remain some arguments on the product desorption process be-
tween different groups. For example, based on the attenuated total
reﬂection Fourier transform infrared (ATR-FTIR) studies, Tatulian
[21] proposed that lysolipids are preferentially desorbed from the
substrate while fatty acids are accumulated in the bilayer due to the
strong electrostatic interaction between the negatively charged fatty
acid and PLA2.
It is also important to note that this hydrolysis reaction yielded no
DPPC monolayer; the architecture of bilayer stayed throughout the
hydrolysis process.3.2. L/D bilayer
Fig. 2 shows AFM observation on the PLA2-induced hydrolysis pro-
cess of an L/D hybrid bilayer (2×2 μm2). A full hydrolysis reaction of
L-DPPC in the L/D bilayer takes a longer time than that of the L/L bilayer
(Fig. 1), indicating that the chirality of DPPC, even in the bottom leaf-
let, greatly affects the hydrolysis rate.
A number of pits in thickness of ~5 nm are clearly seen on the mica
surface with approximately 3.4% coverage before PLA2 is introduced
(Fig. 2a). The bilayer surface is likely stable in the ﬁrst 14 min after en-
zyme injection (Fig. 2b–c) and large changes in morphology are ob-
served after that (Fig. 2d). The red circles with solid line marked in
Fig. 2 indicate several small original pits where hydrolysis initiates on
a terrain. The lateral expansion and growth of these pits become more
obvious from a time mark of 20 min as a result of hydrolysis degrada-
tion catalyzed by PLA2 (Fig. 2d–h). Neighboring pits ﬁnally coalesce,
producing larger pits. At the same time, dozens of new pits appear at
20 min. As indicated by the blue circles with dotted line, these new
pits also grow laterally with time, as seen with the original pits. It is in-
teresting to note that the numbers of new pits on the bilayer surface are
almost constant after their formation. Two hours after the injection of
PLA2, the bilayer ﬁnally stabilized, signaling the end of hydrolysis. It
left behind approximately half of the reactants on the mica surface, as
opposed to the complete degradation seen with the L/L bilayer (Fig. 1).
The remaining species are supposed to be enzyme-inactive D-DPPC,
while L-DPPC is hydrolyzed and the hydrolysis products are desorbed
from the surface. It is however important to note that D-DPPC is not
just a spectator to dilute the concentration of L-DPPC in the bilayer; it
signiﬁcantly affects the hydrolysis kinetics. The existence of D-DPPC in
the enantiomer hybrid bilayer greatly helps us to understand and ana-
lyze the hydrolysis kinetics and mechanism in detail which will be
quantitatively discussed later.
3.3. D/L bilayer
Fig. 3 shows selected AFM images (1.5×1.5 μm2) acquired consecu-
tively with a D/L hybrid bilayer catalyzed by PLA2. AFM images shown in
Fig. 3b–h were obtained at the time marks of 11, 33, 37, 60, 120, 180,
and 360 min after the injection of PLA2. Evidently, the hydrolysis of
L-DPPC in the D/L bilayer takes approximately 6 h to reach equilibrium,
much longer than that of the L/L bilayer (ca. 0.5 hr, Fig. 1) and the L/D
bilayer (ca. 2 h, Fig. 2). Again, nearly half of the surface is still covered
by lipid bilayer at end of the reaction (Fig. 3h), similar to that of the
L/D bilayer (Fig. 2h).
(c) (d)
(h)(g)
(b)(a)
(f)(e)
PLA2
0.5μm
0 1 2μm
Fig. 2. Typical in situ AFM images of supported L/D-DPPC bilayer acquired (a) before and (b)–(h) after the injection of PLA2 enzyme at 6, 14, 20, 37, 60, 92 and 150 min. The scanned
area of AFM images was 2 μm×2 μm. The average depth of pits is ~5 nm. The red (solid line) and blue (dotted line) circles can be used to trace the morphological changes of the
original pits and newly formed pits, respectively. Other experimental conditions are given in Materials and methods.
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changes for one of original pits during hydrolysis. These pits laterally
expand from their perimeters while the lipids on the terraces are inactive
to the enzyme with very limited newly formed pits as indicated by the
blue circles with dotted line. Although the hydrolysis reaction is very
slow, the D/L bilayer is degraded in a way similar to L/L and L/D described
above. While the capping D-DPPC does not stop the hydrolysis reaction,
the location of D-DPPC in the upper leaﬂet (i.e., D/L bilayer) signiﬁcantly
reduces the hydrolysis rate in comparison with that of L/D bilayer.
3.4. D/D bilayer
The D/D bilayer was examined similarly by in situ AFM. Expectedly,
the D/D bilayer was stable against prolonged AFM imaging, which in-
dicates that PLA2 cannot hydrolyze D-DPPC. The obtained AFM results
are not shown.
3.5. Racemic LD/LD bilayer
To gain a better understanding of inﬂuence of the enantiomer con-
ﬁguration on the hydrolysis rate, the hydrolysis of a racemic LD/LDPLA2
(b)(a)
(f)(e) (
0.5μm
0 0.75 1.5μm
Fig. 3. Typical in situ AFM images of supported D/L-DPPC bilayer acquired (a) before and (b)–
of AFM images was 1.5 μm×1.5 μm. The average depth of pits is ~5 nm. The red (solid line
original pits and newly formed pits, respectively. Other experimental conditions are givenbilayer has also been investigated in the study (AFM images are not
shown here). The hydrolysis occurs in a similar manner as those ob-
served for L/D (Fig. 2) and/or D/L bilayers (Fig. 3) mentioned above.
The degradation rate of the racemic LD/LD bilayer appears to be slower
than the L/D bilayer but faster than the D/L bilayer. The hydrolysis re-
action ends up with a bilayer coverage of ca. 0.5, as expected.4. Discussion
Fig. 4 summarizes the kinetics proﬁles for the PLA2-induced hy-
drolysis of the L/L, L/D, D/L, D/D, and LD/LD bilayers. The coverages of
all bilayer systems (denoted by different kinds of symbols) estimated
from in situ time-resolved AFM observations are shown as a function
of hydrolysis time in the ﬁgure. At least three observations were used
to estimate these coverages for each bilayer systems in Fig. 4. A few
common features are noted here.
First, all hydrolysis products desorb from the substrate after the
reaction. The coverage of L/L bilayer decreases to zero while that of
L/D, D/L, and LD/LD bilayers ends up at a coverage of ~0.5, which
strengthens the notion that only L-DPPC reacts with PLA2. Most of
previous studies on lipid vesicles assumed that products from the(d)(c)
(h)g)
(h) after the injection of PLA2 at 11, 33, 37, 60, 120, 180 and 360 min. The scanned area
) and blue (dotted line) circles can be used to trace the morphological changes of the
in Materials and methods.
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dently at odds with the present AFM results. We reconcile this incon-
sistency by assuming a dissimilar structural stability of lipid vesicles
ﬂoating in the aqueous solution and lipid bilayers supported on the
mica surface.
Second, the total hydrolysis time of the supported bilayers in-
duced by PLA2 increases in a sequence of L/L, L/D, LD/LD, and D/L (D/D
bilayer is inert to the enzyme action). L-DPPC molecules in both leaf-
lets can be hydrolyzed by PLA2. This ﬁnding is contradictory to argu-
ments given recently by Balashev et al. [34] who suggested that DPPC
in the bottom leaﬂet of a supported bilayer will desorb as soon as the
adjoining upper leaﬂet is hydrolyzed by PLA2. If their argument is
good, the L/D bilayer should have the identical hydrolysis rate to the
L/L bilayer and nothing should be observed on the substrate surface
at the end of the reaction for the L/D bilayer. This is obviously contra-
dictory to observations above (see Figs. 1, 2 and 3). Furthermore, a
large difference in the hydrolysis activity between L/D and D/L hybrid
bilayers indicates that a PLA2-catalyzed reaction should occur from
the upper leaﬂet in the lipid bilayer. Additionally, all, except D/D,
showed two-staged “lag-burst” hydrolysis kinetics, similar to previ-
ous results obtained by pH titrations [38,39], AFM [27,28], and SFG
techniques [43]. The L/L, L/D, and D/L bilayers showed a 10–20 min qui-
escent or the lag period, followed by a precipitous increase of reaction
rate. The reaction rate in the “burst” stage is signiﬁcantly affected by
the presence of D-enantiomer in the bilayer either in upper or bottom
leaﬂets.
Third, the bilayer structure is kept and no single DPPC layer is ob-
served throughout the hydrolysis of all DPPC bilayers. In addition to
the structural defects on the lipid bilayers, a small amount of new pits
is also formed as the burst stage starts. The hydrolysis reaction preferen-
tially takes place at the edges of pits. Although PLA2 on the bilayer sur-
facewas not imaged by the AFM, it is likely to interact stronglywith the
lipids near the pit edges of the bilayers. One is able to see the decrease of
pit area soon after enzyme injection. This can be attributed to the
reorientation of the lipids interacting with PLA2 at the bilayer surface
in the induction period, which has also been observed previously by
grazing incidence X-ray diffraction (GIXD) [12] and SFG observations
[43].
In order to have a further understanding the pit's role in the PLA2-
catalyzed hydrolysis reaction, the perimeters of the pits in the sup-
ported lipid bilayers are plotted against the bilayer coverage (θ) esti-
mated from a large numbers of time‐resolved AFM measurements
(symbols, Fig. 5). Although some scatterings are still present in Fig. 5,it is seen that theperimeters of these pits increase initiallywith decreas-
ing θ, reach a maximum around half coverage, and ﬁnally decrease to
zero at the end of the reaction. A somewhat similar trend was also
noted byNielson et al. [27]. This indicates that the perimeters of lipid bi-
layers increase ﬁrst as the hydrolysis reaction occurs from the edges of
the defect or pits and generates many channel-like features. As the pits
expand and merge with each other, the total perimeters will thereafter
decrease. As shownby the solid trace in Fig. 5, a function ofK×θ×(1−θ)
(where K is a constant) can roughly reproduce the coverage dependence
inferred from experimental results. Since the reaction mainly occurs at
the edges of pits and defects, it is reasonable to assume that the amount
of PLA2 adsorption is proportional to the perimeters of lipid bilayers.
This relationship was employed to model the enzyme coverage on the
supported lipid bilayer surface in the following quantitative kinetics
analysis.
On the other hand, one has to consider the dynamic features of a
lipid bilayer system, such as migration and diffusion of lipids in the
membrane [10], which is essential to understand the interaction be-
tween PLA2 and lipid bilayers. It is known that lipids in a cell membrane
within the same leaﬂet constantly move around with respect to each
other, while lipids seldom ﬂip over to another leaﬂet since the polar
group of a lipid would have to travel through the hydrophobic interior
of the bilayer in the later process [10,56–60]. Given a lateral diffusion
coefﬁcient (D) of 10−10 cm2/s for DPPC at room temperature («Tm)
[61], the average diffusion distance, calculated from the relationship of
(4Dt)1/2, would be nearly 100 nm in 1 s. This means that a DPPC mole-
cule can diffuse to almost any location in a typical 1×1 μm AFM scan
within 180 s—a period to collect one AFM image.
As a contrast, researchers using labeled lipids have shown that the
spontaneous ﬂip–ﬂop movement of lipids in the vesicles is very slow
(~hours) at TbTm [57–60]. The spontaneous ﬂip–ﬂop rate of DPPC is
much slower than its lateral migration of lipids in the same leaﬂet of
the bilayer at room temperature. Although the spontaneous ﬂip–ﬂop
process is slow, asymmetric features in enantiomer hybrid bilayers of
L/D and D/L will continually decreasewith time after the bilayer prepara-
tion. Asmentioned in theMaterials andmethods, it usually takes ca. 1 h
to setup the lipid bilayer for the AFM observation before the enzyme in-
troduction, and one should expect that a small amount (ca. 20%) of
D-DPPC or L-DPPC already moved to another leaﬂet even as we initially
prepared a perfect L/D or D/L bilayer.
Table 1
The initial simulation conditions (t=0) for L- and D-DPPC in different bilayer systems.
[L]0 and [D]0 are total amount of L- and D-DPPC in the bilayer at t=0, respectively.
t=0 L/L L/D D/L LD/LD D/D
[L]top,0 1 1 0 0.5 0
[L]bottom,0 1 0 1 0.5 0
[D]top,0 0 0 1 0.5 1
[D]bottom,0 0 1 0 0.5 1
[L]0 2 1 1 1 0
[D]0 0 1 1 1 2
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hydrolysis on the lipid bilayers, a general kinetics model is necessary to
analyze all observed results. Typically, an enzymatic reaction comprises
events of adsorption, recognition, action, and desorption, as outlined by
the well-known Michaelis–Menten equation [62] (see Scheme 1). In
this scheme, enzyme (E) binds with L-DPPC to form an active enzyme–
substrate intermediate (EL*). D-DPPC can be regarded as a competitive
inhibitor [62] for the enzyme reaction in which an inactive enzyme–
substrate intermediate (ED*) is formed without product formation.
Here k1 (k1′) and k−1 (k−1′) are rate constants of formation
and decomposition for EL* (ED*), respectively. Due to the catalytic se-
lectivity of PLA2 to L-lipid, only EL* can further decompose into a
product (P) and a free enzyme (E) with a rate constant of k2.
Assuming [L]top ([L]bottom) and [D]top ([D]bottom) are coverages of L-
and D-enantiomers in the upper (bottom) leaﬂet, respectively. As
mentioned above, due to the inevitable spontaneous ﬂip–ﬂop process
in the bilayer system, the practical initial conditions for L/D and D/L
bilayers are different from the ideal values given in Table 1, instead,
it will take a certain value depending on the time after bilayer prepa-
ration. Since bilayer structure was kept during the hydrolysis process
withoutmonolayer formation, bilayer coverage (θ) at t can be given as,
θ≡ θtop ≡ θbottom ¼ L½ top þ D½ top ¼ L½ bottom þ D½ bottom: ð1Þ
Givenmost of adsorbed enzymes participate the catalysis reaction,
the total adsorbed enzymes [E]ad can be expressed as,
E½ ad ¼ E½  þ EL
 þ ED ≅ EL þ ED : ð2Þ
As an ideal competitive inhibitor for PLA2-catalyzed hydrolysis of
L-lipid, the equilibrium constants of D-lipids (k1′/k−1′) were observed
to be very close to that of its enantiomeric L-lipids (k1/k−1) [63]. Since
the structures of L- and D-DPPC with two long alkyl tails are the same
except the chiral center, it is reasonable to assume that the rate con-
stants of formation and decomposition steps are very similar for EL*
and ED*, i.e., k1=k1′, k−1=k−1′ (see Scheme 1). In fact, this assump-
tion is widely accepted in kinetics analysis of the enzyme reaction for
enantiomers [63].
As observed from in situ AFM observations (Figs. 1–3), the PLA2-
catalyzed hydrolysis only occurs from the edges of defects or pits on
the bilayer surface, hence the active enzyme coverage is assumed to
be proportionate to the perimeter of these defects on the bilayer surface
[27,29,34]. Additionally, the bilayer perimeter is modeled by a function
of K×θ×(1−θ) (see Fig. 5), therefore the total adsorbed enzyme con-
centration [E]ad can be expressed as,
E½ ad ¼ K ′ θ 1−θð Þ ð3ÞScheme 1. Enzyme reaction for L-DPPC (L) and D-DPPC (D) with enzyme (E). EL* and
ED* are the reaction intermediates from L and D enantiomers, respectively, where
only EL* can further generate product (P) and free enzyme. Rate constants are also
given for the each step in the ﬁgure.)where K′ is a constant. FromEq. (3), the enzyme coverage is low initially
and reaches amaximum at θ=0.5 and then decreaseswith bilayer cov-
erage. Given that EL⁎ and ED⁎ reach their steady states, we have
EL
  ¼ k1 E½  L½ top
k−1 þ k2ð Þ
¼ K ′θ 1−θð Þ L½ top
L½ top þ D½ top 1þ k2=k−1ð Þ
ð4aÞ
ED
  ¼ k1 E½  D½ top
k−1
¼ K ′θ 1−θð Þ D½ top 1þ k2=k−1ð Þ
L½ top þ D½ top 1þ k2=k−1ð Þ
: ð4bÞ
Thus, the enzyme-induced hydrolysis of L- and D-lipids in the top
leaﬂet can be described as,
Δ L½ enzyme ¼−k2 EL
  ¼− k2θ 1−θð ÞK ′
L½ top þ D½ top 1þ k2k−1
  L½ top ð5aÞ
Δ D½ enzyme ¼ 0: ð5bÞ
Recall that the bilayer structure is always preserved during the hydro-
lysis process, possibly because lipid molecules need to reposition them-
selves to prevent exposing the hydrophobic methyl (CH3) and
methylene (CH2) groups to the water phase. In other words, once an
L-DPPC in the upper leaﬂet is hydrolyzed, the hydrolysis products
would be desorbed from the substrate, accompanied by ﬂipping an L- or
a D-DPPC in the bottom leaﬂet up to the upper leaﬂet, with a probability
proportional to the ratio between two lipids in the bottom leaﬂet. We
propose that this process occurs with a hydrolysis of L-DPPC molecules
in the upper leaﬂet and denote it as “induced ﬂip-up”. This process yields
muchmore efﬁcient than the spontaneous ﬂip–ﬂop process and is essen-
tial to understand our AFM observations on all bilayers. Furthermore,
once the lipids ﬂip over or ﬂop-down to other leaﬂet, they will laterally
migrate in the same leaﬂet without any accumulation on a special area
or domain. Based on these assumptions, DPPC molecules generated by
the “induced ﬂip-up” process can be described as,
Δ L½ induced ¼−
Δ L½ enzyme
2
 L½ bottom
L½ bottom þ D½ bottom
ð6aÞ
Δ D½ induced ¼−
Δ L½ enzyme
2
 D½ bottom
L½ bottom þ D½ bottom
: ð6bÞ
In addition to the “induced ﬂip-up” process, DPPC molecules con-
tributed from the spontaneous ﬂip–ﬂop process in the bilayer should
also be taken account as,
Δ L½ flipflop ¼ kff L½ bottom− L½ top
 
¼ kff 2 D½ top− D½ 0
 
ð7aÞ
Δ D½ flipflop ¼−kff D½ top− D½ bottom
 
¼ kff D½ 0−2 D½ top
 
ð7bÞ
where kff is a rate constant for the spontaneous ﬂip–ﬂop process and
was directly estimated from an independent SFG measurement on a
DPPC bilayer prepared by hydrogenated and deuterated molecules
at the same temperature [43,46]. The total hydrolysis rate can be
648 H. Wu et al. / Biochimica et Biophysica Acta 1828 (2013) 642–651described as summation of the three contributions mentioned above,
i.e., enzyme action, induced ﬂip-up and spontaneous ﬂip–ﬂop, as:
d L½ top
dt
¼ Δ L½ enzyme þ Δ L½ induced þ Δ L½ flipflop
¼ kff 2 D½ top− D½ 0
 
−
1− L½ top− D½ top
 
k2K ′ L½ top þ D½ 0
 
2 1þ 1þ k2k−1
 
D½ top
L½ top
h i ð8aÞ
d D½ top
dt
¼ Δ DL½ enzyme þ Δ D½ flipflop þ Δ D½ induced
¼ kff D½ 0−2 D½ top
 
−
1− L½ top− D½ top
 
k2K ′ D½ top− D½ 0
 
2 1þ 1þ k2k−1
 
D½ top
L½ top
h i :
ð8bÞ
It should be mentioned that Jain and his co-workers did not con-
sider the latter two contributions (i.e., induced ﬂip-up and spontane-
ous ﬂip–ﬂop processes) in their kinetics analysis on the PLA2-induced
hydrolysis of the vesicle systems [7–9]. Since they mainly dealt with
the initial hydrolysis process of vesicle with θ>0.7 in a short hydroly-
sis time, their approximation may work under such restriction but
will signiﬁcantly affect the present analysis on the supported lipid bi-
layer system as mentioned above.
The differential Eqs. (8a) and (8b) are solved using a numerical ap-
proach (Euler method) [64] by explicit integration in very small steps.
By comparing the simulation with AFM observations for L/D, D/L, and
LD/LD bilayers in the burst regime (solid traces, Fig. 4), best parameters
of k2/k−1 and k2K′ for L-DPPC in the bilayer were determined as 4.5±
0.5 and 0.55±0.05 min−1. Although the present simulation still has
small deviations from the experimental results, especially for the race-
mic LD/LD bilayers, it succeeds in reproducing experimental results, indi-
cating that our assumption and analysis are reasonable. Although it is
not easy to bilayer compare our results with those obtained by Jain et
al. [7–9], due to the different assumptions on the contribution from
the bottom leaﬂet and hydrolysis product, the general tendencies are
similar.
Fig. 6 shows the stacked column plots of the simulated concentra-
tion proﬁles for each species (L and D) in the upper leaﬂet (top panel)
and bottom leaﬂet (middle panel) for (a) L/L; (b) L/D; and (c) D/L bilayers
as a function of reaction time based on the kinetic parameters obtained
above. The simulated concentration proﬁles for the enzyme intermedi-
ates of EL* and ED* are also given for each system in the bottom panel of
Fig. 6. This simulation is helpful since it can provide the relative concen-
tration of each surface species in both leaﬂets which are impossible to
be obtained by the AFM observation directly.
L/L bilayer shows relatively simple proﬁles (Fig. 6a) in comparison
with L/D (Fig. 6b) and D/L bilayers (Fig. 6c). L-DPPC in upper and bottom
leaﬂets display identical proﬁles and degrade quickly after enzyme in-
troduction. After ca. 40 min, surface lipid concentration decreases to
zero, indicating a fast hydrolysis reaction. The enzyme-intermediate
EL* reaches a maximum value around a bilayer coverage of 0.5 and
then starts to decrease. Since net hydrolysis rate can be described as
k2×[EL*] (Eq. (5a)), [EL*] is directly proportional to the hydrolysis rate.
This indicates that the PLA2-induced hydrolysis rate reaches maximum
at a bilayer coverage of 0.5 (t~20 min) and then decreases to zero at the
end of the reaction.
The asymmetric hybrid L/D bilayer (Fig. 6b) and D/L bilayer
(Fig. 6c) show totally different concentration proﬁles with the L/L
bilayer (Fig. 6a). In the beginning, D-DPPC and L-DPPC with a coverage
of up to ca. 0.2 already exist in the upper and bottom leaﬂets of L/D
bilayers, respectively (Fig. 6b). The D/L bilayer shows similar features
(Fig. 6c). As mentioned above, this is a result of the spontaneous ﬂip–
ﬂop process for hybrid lipid bilayer after its preparation. Even as we
prepared an ideal asymmetric hybrid bilayer, since a certain time
is necessary to setup AFM for observation, part of the lipids in theasymmetric bilayer already mixed by the spontaneous ﬂip–ﬂop pro-
cess. Thus, it is almost impossible to get the ideal asymmetric bilayer
under the present condition. Even so, these partly “mixed” bilayers
proved to be useful to determine the kinetics and mechanism of the
PLA2-catalyzed hydrolysis reaction.
In the case of the L/D bilayer, L-DPPCmolecules in the upper and bot-
tom leaﬂets degrade in different proﬁles (Fig. 6b), slower than that of
the L/L bilayer (Fig. 6a). Almost all of L-DPPC in the upper leaﬂet vanish
after 120 min while a small amount of L-DPPC still stays in bottom leaf-
let even after 400 min. D-DPPC is accumulated in the upper leaﬂet with
degradation of L-DPPC and reach coverage of 0.5 at the end of the reac-
tion. As the average enzyme-binding time of L-DPPC and D-DPPC are
proportional to (k−1+k2)−1 and (k′−1)−1, respectively, a D-DPPC
will interact with an enzyme in a period 5.5 times longer than that of
an L-DPPC and generate no product. This effect is clearly reﬂected in
the concentration proﬁles of EL* and ED* (bottom panel, Fig. 6b). Most
of enzymes are binding with D-DPPC to form ED* instead of EL*. ED*
largely reduces the concentration of the free enzyme in solution. Thus,
the catalytic opportunity between the free enzyme and L-DPPC is signif-
icantly dropped down. The hydrolysis rate for the L/D bilayer is propor-
tional to [EL*] and shown as a dotted trace in the bottompanel of Fig. 6b.
The maximum rate is approximately one tenth of the L/L bilayer and
appears at ca. 35 min, which is also slower than the L/L bilayer. It should
be mentioned that the integrate area of the peak is 50% of L/L bilayer,
indicating that only L-DPPC in the L/D bilayer would be hydrolyzed.
Some new features are also observed in the D/L bilayer (Fig. 6c).
L-DPPC in the upper leaﬂet shows quite different proﬁles from the
other two bilayers: the concentration increases slightly in ﬁrst 2 h,
then starts to decrease slowly. On the other hand, L-DPPC in the bottom
leaﬂet degrades very slowly and ca. 10% of L-DPPC remains even after
7 h. The amount of D-DPPC in both leaﬂets change slowly. The forma-
tions of ED* and EL* (bottom panel, Fig. 6c) are considerably slowed
down in comparison with the L/D bilayer. The maximum hydrolysis
rate of the L/D bilayer falls to approximately 1% of the L/L bilayer. As
PLA2-induced hydrolysis only occurs on the bilayer surface, one can ex-
pect to see the most dramatic effect of D-DPPC when it sits in the upper
leaﬂet (such as the D/L bilayer). Under such circumstance, L-DPPC has to
ﬂip over from the bottom leaﬂet to the upper one, and then interacts
with PLA2. This process is limited by the spontaneous ﬂip–ﬂop process
which has a much lower rate constant (kff) than that of induced
ﬂip-up. One can expect that the increase of the perimeter of pits in
the D/L bilayer is quite limited in the ﬁrst few hours in comparison
with the L/D bilayer due to low [L]top, enzyme coverage (proportional
to the perimeter) is also very low and consequently formations of ED*
and EL* are delayed (Fig. 6c). By the slow spontaneous ﬂip–ﬂop process,
L-DPPC is gradually ﬂipped up to the top leaﬂet and hydrolyzed,
resulting in growth of the pits. Meanwhile, ED* and EL* start to increase
but the hydrolysis rate is still very low due to extremely low EL*. It is
similar for the L/D bilayer (bottom panel, Fig. 6b) that most of enzymes
are used to form the “fruitless” intermediate ED* instead of “useful”
intermediate EL* in the D/L bilayer (bottom panel, Fig. 6c). The present
simulation demonstrates the necessity of considering the overall effect
from the enzyme reaction, induced ﬂip-up as well as spontaneous ﬂip–
ﬂop processes in the kinetics analysis. In the D/L bilayer, the later one
shows considerable effect due to its D-capping bilayer structure.
On the other hand, the racemic LD/LD bilayer, which is not affected
by the spontaneous ﬂip–ﬂop before the enzyme introduction, always
shows time proﬁles between the L/D and D/L bilayers (simulation re-
sults are not given here).
As discussed above for Figs. 4 and 6, the enzyme-induced hydrolysis
rate is considerably dependent on the surface concentration of L-lipid
and the bilayer coverage, which are dynamically controlled by several
processes of enzyme reaction as well as ﬂip–ﬂop movements of lipid
molecules in the bilayer. Fig. 6 reveals time proﬁles of the concentra-
tions and reaction rate for different bilayers but lacks information of
the coverage dependence. To demonstrate the complicated relationship
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Fig. 6. The stacked column plot of the simulated results for the [L-DPPC] and [D-DPPC] in the upper leaﬂet (top panel) and the bottom leaﬂet (middle panel), [EL*] and [ED*] and hydrolysis rate (bottom panel) are shown as function of
hydrolysis time for (a) L/L; (b) L/D; and (c) D/L bilayers based on the kinetics model. The enzyme is introduced into solution at t=0. The initial status of various bilayers and kinetic parameters are obtained from the ﬁtting process in
Fig. 4. As shown in the ﬁgure, the scales of [EL*] and hydrolysis rate for L/D and D/L bilayers are expanded for visualization and comparison. See text for details.
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(Fig. 7) displays the simulated hydrolysis rate (dθ/dt, z-axis) of the
supported DPPC bilayers as a function of two important parameters,
the bilayer coverage (θ, x-axis) and ratio of L-DPPC in the upper leaf-
let (
L½ top
L½ top þ D½ top
, y-axis). It should bementioned that all possible com-
binations of these three parameters should only appear on the surface
of the 3D-plane. For a certain concentration of L-lipids, the hydrolysis
rate always reaches a maximum at half coverage. Given the same sur-
face coverage, one is able to see that the higher (lower) the L-DPPC
ratio in the upper leaﬂet, the higher (lower) the hydrolysis rate. Thus,
the reaction rates decrease in sequence of L/L, L/D, LD/LD, and D/L bilayers
at any ﬁxed bilayer coverage.
Based on the simulation results, the reaction traces of various bilay-
ers studied in the work can be demonstrated by the traces with arrows
on the 3D surface in Fig. 7: L/L, L/D, D/L, and LD/LD bilayers. In the case of L/L
bilayer, y-dimension keeps constant and the plot is simpliﬁed to a 2D
curve projected on the xz-plane, which can be associated with the
time-proﬁles of reaction rate given in the bottom panel of Fig. 6a. L/D,
D/L, and LD/LD bilayers show complicated reaction traces. Since only
L-lipids can be hydrolyzed, the curves for L/D, D/L, and LD/LD bilayers
end at a bilayer coverage of 0.5where all L-lipids are hydrolyzed. The re-
action curves allow us to trace the reaction process all theway and get a
full understanding on the hydrolysis kinetics. Combined with related
time-proﬁles of reaction rate given in the bottom panel of Fig. 6, we
are able to provide every aspect of the dynamic feature of PLA2-catalyzed
hydrolysis reaction on the supported lipid bilayers. It enables us to accu-
rately predict the reaction trace of enzyme reaction on the supported
lipid bilayers at any given initial composition.
According to the above AFM observations and quantitative kinetics
analysis, we are able to get a deep understanding on the reaction kinetics
and mechanism of the PLA2-catalyzed hydrolysis reaction on the sup-
ported lipid bilayer at a molecular level. A number of ambiguous points
in the previous studies have been elucidated, including (i) desorption
of hydrolysis products; (ii) fast ﬂipping-up process of lipids in the
bottom leaﬂet induced by the hydrolysis of lipids in the top leaﬂet;
(iii) quantitative modeling for lipid–enzyme interaction considering en-
zyme action, induced ﬂip-up as well as spontaneous ﬂip–ﬂop processes.
Due to relatively low time and spatial resolutions for the present AFM
observation, we are still unable to directly image a single enzyme mole-
cule on the bilayer surface. This problem is expected to be solved by the
high-speed AFM developed by Ando and co-workers [65]. This will helpus to have a comprehensive understanding of lipid–protein interactions
in near future.5. Conclusions
In situ AFM has been employed to investigate the PLA2-catalyzed hy-
drolysis reaction of the supported-DPPC bilayers with different enantio-
meric combinations on mica surface. AFM results obtained from the L/L
bilayer show that the hydrolysis rate for L-DPPC is signiﬁcantly increased
by PLA2 and most hydrolysis products are likely to desorb from substrate
surface in 40 min. As D-enantiomers are included in the bilayer, the hy-
drolysis rate is largely decreased in comparisonwith L/L bilayer. The aver-
age rates of enzyme-inducedhydrolysis reactiondecrease in the sequence
of L/L, L/D, LD/LD, and D/L (D/D is inert to the enzyme action). The hydrolysis
catalyzed by PLA2 preferentially occurs at the edges of pits or defects in
the bilayer surface. Our kinetics analyses reveal that the lipid molecules
in the bottom leaﬂet ﬂip up to the top leaﬂet as soon as the L-DPPCmol-
ecules in the upper leaﬂet hydrolyzed. This induced ﬂip-up process is
found to bemuch faster than the spontaneousﬂip–ﬂop of a lipid bilayer.
Furthermore, D-DPPC in the enantiomer hybrid bilayers signiﬁcantly re-
duces the hydrolysis rate by its futile bindingwith PLA2. The present ex-
perimental and theoretical results provide a systematic understanding
about the structural changes and reaction mechanism for the
PLA2-catalyzed hydrolysis at a molecular level.Acknowledgements
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